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Chapter one
INTRODUCTION
The history of mankind has been witness to a struggle between humans and a
multitude of microbes that cause disease. Illnesses such as the bubonic
plague, cholera, the rising incidence of multidrug resistant tuberculosis
(MDR-TB) and the extensively drug resistant tuberculosis (XDR-TB) are
familiar to people from all parts of the globe today (61,180). Historically this
battle has always been an up and down affair, which shifted in favor of
humans only in the early 20th century, with the discovery of antibiotics.
However, usage of antibiotics for the treatment of disease soon led to the
development of antibiotic resistance in pathogenic bacteria (114,173).
Traditionally, the focus of antibacterial development was limited to clinically
relevant bacteria, with each new antibacterial compound eliciting a resistance
response (114,148,149). However, it soon became clear that bacteria can pass
on genetic determinants of antibiotic resistance, not only horizontally among
the same species, but also across to different genera, including both
pathogenic and benign bacteria. Recently it has been speculated that
commensal bacteria may act as reservoirs of antibiotic resistance genes
similar to those found in human pathogens (150,190) with the potential to
transfer these genes to pathogenic bacteria. Such reservoir organisms are
possibly present in various foods products that contain high densities of nonpathogenic bacteria due to the natural production process. Also, antibiotic
resistant bacteria may pass from animal to human population via food
products (114,260). The idea to suppress and displace harmful bacteria from
the gastrointestinal tract by administration of ‘beneficial microbes’ in order to
improve the microbial balance, health and longevity of individuals is fairly
old (55). However, the definition of probiotics was formalized only in the late
20th century (81). Generally, probiotics are defined as “living microorganisms
that confer health benefits on the host when administered in adequate
amounts” (203).
Most food associated bacteria are lactic acid bacteria (LAB) and most of
them are considered as probiotics. These micro-organisms are ‘Generally
Regarded As Safe’ (GRAS). The GRAS status is a way of rationalizing the
use of foods that may not meet the usual requirements for safety assessment
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but have been used extensively without any demonstrable harm to consumers
(156). However, it is important to note that such status is very ‘strain’
dependent and also specific for an ‘intended use’ and therefore cannot be
generalized to a species or genus level (1). Although historically the safety of
probiotics has been demonstrated, there are also instances where GRAS
microbes have been shown to adversely impact human health or even
promote mortality (22,39). The potential health risks such as the transfer of
antibiotic resistance genes from lactic acid bacteria (LAB) reservoir strains to
bacteria in the resident microflora of the human gastrointestinal tract has been
poorly addressed (114,173). Moreover, bacterial translocation defined as the
passage of viable indigenous bacteria from the gastrointestinal tract to
extraintestinal sites (20) can also have detrimental effects on the animal host
(3,272). Such phenomenon has been demonstrated for LAB (83).
Our focus of interest Lactococcus lactis, is a non-pathogenic, non-invasive,
Gram-positive, low GC content, acid tolerant LAB that has the GRAS status
(215) and is primarily used to produce fermented foods. L. lactis is formerly
known as Streptococcus lactis or Streptococcus cremoris. These “dairy
Streptococci” were reclassified in 1985 into two L. lactis subspecies, L. lactis
subsp. lactis (previously Streptococcus lactis) and L. lactis subsp. cremoris
(previously Streptococcus cremoris), to distinguish them from the
streptococci sensu stricto, which contain a number of human pathogens
(218,219). L. lactis is of considerable industrial importance and therefore its
physiology and molecular biology has been studied in much detail (200).
Further, the availability of a genetic toolbox and the availability of the
genome sequences of three strains IL1403, SK11, and MG1363 (26,167,259)
makes L. lactis an ideal model organism for low-GC gram-positive bacteria
(157).
Lactococci are mostly used in starter cultures for the production of many
kinds of fermented dairy products. Initially there was little interest in their
probiotic potential, since it was generally assumed that lactococci do not
survive passage through the digestive system owing to the low pH of the
stomach and the presence of bile in the intestine (235). However, later work
showed that lactococci can survive this passage and are able to reach the
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human or animal gastrointestinal tract (95,135). This has led to a renewed
focus on investigating their potential as a probiotic (47). More recently, a role
of lactococci in alleviating gastrointestinal inflammation in murine models
(227) has been suggested, whereas other studies suggest that these bacteria
may become pathogenic in immuno-compromised patients (54). Besides their
potential probiotic activity, the ability of lactococci to remove undesirable
microflora from food processing systems and surfaces by competitive
exclusion has received much attention (271). L. lactis has been examined as a
protective biofilm former (101). For instance, through competitive exclusion
L. lactis can control the growth of Listeria monocytogenes, a known Grampositive pathogen from food processing surfaces (270).
It is therefore of interest to assess the mechanisms of resistance that
lactococci can employ and to determine how these microbes interact, adhere
and colonize inanimate surfaces. Here, we present an overview of the
problem of bacterial resistance to antimicrobial agents and the various
resistance mechanisms that Gram-positive bacteria, in particular lactococci,
have developed or may acquire.

Bacterial resistance

Bacterial resistance is defined as the “temporary or permanent ability of a
microorganism and its progeny to remain viable and/or multiply under
conditions that would destroy or inhibit other members of the strain” (49).
Bacteria can manifest a variety of mechanisms that provide resistance to
antibacterial drugs. The intrinsic resistance is the natural ability of the
microorganisms to resist antibacterials, which may differ among different
types, genera, species, and strains of microorganisms under identical
environmental conditions. For instance bacteria such as Bacillus,
Pseudomonas and Corynebacterium, exhibit an intrinsic resistance to
benzoate because they are naturally capable of metabolizing the compound to
succinic acid and acetyl coenzyme A (48). It is in particular the acquired or
extrinsic resistance, a phenomenon where previously susceptible populations
of bacteria ‘acquire’ resistance to an antibacterial agent and spread under the
5

Chapter one
selective pressure of the use of that agent, that has become a cause for great
concern. Acquired resistance can spread among different bacterial genera via
a number of ways, which includes gene transfer. This is most well
exemplified by the dissemination of β-lactamases that destroy the
antibacterial agent (penicillins & cephalosporins) before it can have an effect.
Acquired resistance to quaternary ammonium compounds (QACs) often
depends on the presence of plasmid-encoded efflux pumps that remove the
QACs (212). Bacteria may also acquire genes for a metabolic pathway, which
converts the antimicrobial into an inactive derivative, or acquire alterations in
the bacterial cell walls such that they no longer contain the binding site of the
antimicrobial agent (36,209). Bacteria may also acquire mutations that limit
access of antimicrobial agents to their intracellular target sites, for instance by
the down regulation of the porin genes in Gram-negative bacteria. Many of
these processes are affected by genetic exchange mechanisms such as
transformation, conjugation and transduction, generally termed as horizontal
evolution.
This is in contrast to vertical evolution, wherein a single chromosomal
mutation may alter the binding site of a target protein such that the
antibacterial agent can no longer bind, or alternatively, may lead to the
upregulation of expression of transport systems that expel the drug from the
cell (177). Vertically acquired resistance may arise from environmental
stresses such as the prolonged exposure to sub-lethal concentrations of the
antimicrobial agent, a phenomenon also called ‘adaptation’ and this can
transiently lead to enhanced mutation rates (214). Often such adaptation
phenomena are unstable, with the microorganism reverting back to the
original sensitive phenotype upon removal of the selection pressure (211)
also known as non-inherited resistance (169). Compensatory secondary
mutations may occur that reduce the fitness cost associated with the original
‘resistance’ mutation and render the resistance hereditary. Short- and longterm exposure to mild stress conditions can activate stress responses in
pathogens resulting in a protective effect towards otherwise lethal stresses
(58). Conditions that have been demonstrated to induce such stress responses
include heat-shock (22,106,186,266), exposure to extreme pH (73,76,77,210),
oxidative shock such as exposure to hydrogen peroxide (159,230), and
6
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osmotic stress (2,35). Temporary resistance in response to aminoglycoside
antibiotics such as tobramycin (13) and ciprofloxacin (93) has been observed
for a number of Gram-negative bacteria. Adaptive resistance to antibiotics
and other chemotherapeutic agents is widespread among bacteria; the
physiological state and the physical structure of the adapted population of
cells have been recognized to contribute to this phenomenon, which is purely
phenotypic in nature (93,146,147). The exact biochemical mechanisms of
adaptive resistance and the cross-resistance of “adapted” strains to various
unrelated chemotherapeutic agents and biocides, as well as the contribution
of these phenomena to multidrug-resistant “superbugs,” remain largely
unknown (33,146,213,222).
Various molecular mechanisms have been reported to play roles in bacterial
adaptive responses to antimicrobial compounds. These mechanisms act either
independently or synergistically. Examples of such mechanisms are “slow”
cellular multiplication that results in “persister cells” (11,152), the SOS
response that blocks cell division during the repair of DNA damage, the cold
shock and stress response, drug detoxification, and an altered permeability of
the cellular membrane. An altered permeability of the outer membrane can be
due to changes in lipopolysaccharide (LPS) composition or outer membrane
proteins and to changes in the fatty acid composition.
In addition, the cytoplasmic membrane content, the cell surface charge and
hydrophobicity, as well as the active efflux of molecules may play a role in
the adaptation to toxic compounds (23,34,126,147,160,168,224). A single
microorganism may rely on multiple, possibly interconnected, adaptive
mechanisms to become resistant to antimicrobial agents (41,234). Moreover,
it has been reported that adaptive mechanisms that provide bacterial
resistance to biocides may also confer cross-protection against certain clinical
antibiotics (28,33,140). Recent years have witnessed much research on the
still nascent subject of the relationship between bacterial pathogenicity and its
ability to tolerate environmental stresses especially in the context of bile
(179).
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Resistance to Bile
One of the most important stresses microorganisms encounter in the
mammalian gastrointestinal tract is exposure to bile. Bile is a yellow green
aqueous digestive secretion that plays a major role in the emulsification and
solubilization of lipids during digestion (17). Bile is synthesized in the liver
but stored and concentrated in the gallbladder during the fasting state and
released into the duodenum upon food intake (109). Bile is composed of a
multitude of compounds, including proteins, ions, pigments, cholesterol and
the most abundant component bile acids (12% by weight). The latter are
sodium salts under physiological conditions. All bile salts have a four ring
steroid structure (19 carbon) and a five or eight carbon side chain terminating
in a carboxylic acid group, which may be conjugated (Fig. 1A).
They differ in the number and orientation of substituents (e.g. hydroxyl
groups), and are facially amphiphilic with a convex hydrophobic upper (β)
side comprising the rigid steroid nucleus and a concave hydrophilic lower (α)
side (264) (Fig. 1B). Bile salts differ markedly from the typical head-tail
detergents in their physicochemical properties because of this rigid planar
structure. Typically the aggregation number per micelle is small ranging from
4 - 6 for sodium cholate, whereas for a classical detergent like sodium
dodecyl sulfate (SDS) this is much larger, i.e. 50 - 80. The critical micelle
concentration (CMC) of bile salts is generally lower than those of aliphatic
surfactants and is defined by a concentration range rather than by a single
value. Consequently micelle formation is a continuous self-association
process with increasing bile acid concentration (82). Micellization of bile
acids is not only distinct from non-bile surfactants but it also varies among
the different bile acid species (185).
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Fig 1. (A) Chemical structures of the major bile acids in humans. Primary bile acids are
formed in the liver. Secondary bile acid such as deoxycholic acid and lithocholic acid are
formed in the large intestine by gut bacteria. Bile acids are conjugated with glycine or
taurine by the hepatocytes. (B) Bile acids are facially amphiphilic with a hydrophilic
(polar) α-face and a hydrophobic (lipid soluble) β-face. Taken from ref. (112) (Copyright
© 1999 American Medical Association. All rights reserved. Adapted 2010 with
permission of the American Medical Association)

Side-chain length and the state of oxidation at carbon 27 (C27) or carbon 24
(C24) is often used to classify bile salts. Three major classes of bile salts can
be distinguished, C27 bile alcohols, C27 bile acids, and C24 bile acids (103). In
mammals, C24 bile acids predominate, whereas in non-mammalian
vertebrates the C27 bile acids are prevalent. Bile acids are water-soluble
amphipathic molecules with the steroid nucleus conjugated to either glycine
or taurine (111) (Fig. 1). The human bile contains a mixture of primary and
secondary bile acids. Primary bile acids are synthesized by the liver, and
comprise predominantly cholate (CA) and chenodeoxycholate (CDCA).
These are mainly conjugated as an N-acyl amidate with either glycine
(glycoconjugated) or taurine (tauroconjugated) prior to their secretion to the
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bile and this modification decreases their pKa by 2.4 units for glycine and by
5 units for taurine conjugates conferring an enhanced water solubility (171).
At physiological pH, these conjugated bile acids are almost fully ionized and
capable of solubilizing lipids and forming mixed micelles (207). Secondary
bile acids are derived from primary bile acids by modifications that are
carried out by intestinal bacteria. In man, the main secondary bile acids are
lithocholic acid (LCA) and deoxycholic acid (DCA). The main modifications
are deconjugation, oxidation of hydroxyl groups at the 3, 7 and 12 positions,
and 7-dehydroxylation (207). The physicochemical properties of bile salts
such as their solubility, ionization, hydrophobicity and micelle formation are
largely determined by the type of conjugation and the number, position and
orientation of the hydroxyl groups (264) (Table 1).
As part of the body's physicochemical defense system, bile salts possess
potent antimicrobial activity, because they are able to solubilize the
phospholipids, cholesterol, and proteins of cell membranes, ultimately
causing cells to lyse (108). In addition, bile acids may cause oxidative stress
to DNA (21). Like all detergents, bile salts tend to self-associate in water with
increasing concentration. The transition point at which single detergent
molecules assemble into micelles is called the critical micelle concentration
(CMC). Below the CMC, no micelles are formed. At submicellar
concentrations, bile salt monomers may intercalate phospholipid bilayers and
change the lipid packing, thereby affecting the membrane permeability (221).
At higher concentrations, mixed micelles of bile salts and the components of
the cellular membrane are formed, eventually leading to a loss of membrane
integrity (70).
This membrane-disrupting effect depends on the molecular structure of the
bile acid (31). The exact mechanism by which bile salts interact with lipid
membranes and mediate either cytotoxicity or cytoprotection is not entirely
entirely resolved (65,189). It has been postulated that bile salts have the
potential to translocate across cell membranes through different pathways,
which include (spontaneous) flip-flop of both fully ionized as well as unchar-
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** Hydrophobicity indices of the ionized forms (A-) of glyco- and free bile salts are at pH 8.5-9.0; † indices of the protonated forms (HA)
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Table 1. Classes and physiochemical properties of bile acids.

Free bile acids
Cholate
Deoxycholate
Chenodeoxycholate
Glycine conjugates
Glycocholate
Glycodeoxycholate
Glycochenodeoxycholate
Taurine conjugates
Taurocholate
Taurodeoxycholate
Taurochenodeoxycholate

Bile acid
(trivial name)
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ged bile salts, and translocation by high-affinity bile salt transport proteins
(65).
Adaptation and tolerance to physiological concentrations of bile salts (usually
below 5 mM) is a critical factor for bacterial colonization of the human gut
(42). Most of the commensal intestinal micro-organisms, mainly common
Gram-negative (236,250) and Gram-positive bacteria, exhibit either a high
level of intrinsic resistance to bile salts or can readily adapt (17). The effect
of bile on cellular viability is of interest considering the use of probiotics for
therapeutic applications (81). For several lactic acid bacteria (LAB) such as
Lactobacillus, Bifidobacterium and Lactococcus the effect of bile on the
cellular physiology has been studied (131,191). For instance, compared to
other LAB, lactococci typically have a low intrinsic level of resistance to bile
(131), which is a major bottleneck for their potential as a probiotic (130,132).
The adaptive responses upon exposure to bile have not been investigated in
detail so far. Variability exists among Lactococcus strains with L. lactis
subsp. lactis showing a relatively better resistance and adaptation in response
to bile salts than L. lactis subsp. cremoris (128).
Many bacteria show drastic changes in their cell morphology when exposed
to bile acids. Cells may shrink as is the case for Lactococcus acidophilus
(183). Such morphological changes suggest alterations of cell wall (145). Our
findings with cholate adaptation in L. lactis subsp. cremoris show that
exposure of planktonic cells to bile acids is accompanied with cell envelope
changes resulting in flocculation and cell clumping. The latter is likely
because of the elevated expression of cell adhesins (267). This work also
showed the production of extracellular polysaccharide like material that is
loosely bound to the cell surface of the cholate adapted planktonic L. lactis
cells (unpublished results). The nature of the extracellular material and
whether it is present in sessile cells needs to be investigated. Bile resistance is
also believed to be associated with alterations in the cytoplasmic membrane
such as changes in the fatty acid composition (91). This may affect the
membrane viscosity and the effectiveness of the bile acids to solubilize the
membrane (71). In most LAB, as is the case for Oenococcus oeni
(Leuconostoc oenos) (136), Lactobacillus acidophilus (71) and lactococci
12
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(133), the amount of C16:0 and C18:1 fatty acids increases with a concomitant
decrease in C14:0 and C16:1 fatty acids upon bile exposure (or adaptation),
although the effect may vary among species and strains and in addition
depend on growth conditions. Whether such changes in the relative amounts
of certain fatty acids indeed render cells more resistant to bile remains to be
determined.
Changes in membrane fatty acid composition have also been observed in
response to other cellular stresses such as exposure to heat (8,216,253) or
phenol (133). Heat exposure usually results in a decreased amount of
unsaturated fatty acids and an increased number of long saturated fatty acids,
which affects membrane fluidity and maintains membrane integrity at the
elevated temperatures. In the case of phenol exposure, a change in
composition of the fatty acids has been linked to increased oxidative stability,
which in turn may provide resistance to environmental stresses such as
exposure to bile. On the other hand, bile adaptation in L. lactis subsp.
cremoris is not accompanied with a change in membrane fluidity
(unpublished data). Whereas cross tolerance has been demonstrated in case of
environmental stresses such as heat or pH (69,124), this seems not to occur in
the case of adaptive bile resistance.
Additional factors may contribute to bile resistance. By changing the
composition of the fatty acids in the growth medium, an enhanced bile
resistance may occur in sensitive lactococcal strains (129). Also the nature of
the energy or carbon source in the growth medium is a factor that may
influence bile resistance. For instance, L. lactis grown in the presence of
lactose is much more sensitive to bile than cells grown on glucose (134) . The
rapid acquisition of energy appears important in this respect as active
extrusion of bile acids is one of the primary mechanisms of resistance
(161,265,267).
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Efflux mediated Multidrug resistance

Important active mechanisms of bile resistance in LAB and intestinal
microbiota are bile salt hydrolysis (18) and bile acid efflux (193). Bile salt
hydrolysis is the cleavage of the amide bond to liberate the glycine/taurine
moiety from the steroid core of the conjugated bile acid, a reaction catalyzed
by bile salt hydrolases (BSH). The resulting acids are termed unconjugated or
deconjugated bile acids. Approximately 5% of the total bile acid pool (0.3 to
0.6 g) per day in humans is modified by the indigenous intestinal bacteria
(29). Deconjugation is the primary bile acid transformation which allows
further modifications (14). BSH activity has been detected in Lactobacillus
(56), Bifidobacterium (97), Enterococcus (80), Clostridium (50) and
Bacteroides (127). Lactobacilli and bifidobacteria are routinely used as
probiotic strains, while Bacteroides, Clostridium, and Enterococcus spp. are
also commensal inhabitants of the gastrointestinal tract. To date, BSH activity
has not been detected in Lactococcus spp. (18).
Efflux is an active mechanism, which involves membrane transport proteins
that utilize metabolic energy to expel drugs across the cytoplasmic membrane
against their concentration gradients. Active drug efflux mechanisms can be
specific for a given drug, the so-called single-drug or group-specific efflux
systems, or, can have a broad substrate specificity covering a wide range of
toxic compounds that are structurally and functionally unrelated. The latter
process is termed multidrug efflux (162). The phenomenon of simultaneous
resistance of (bacterial) cells to unrelated drugs is called multidrug resistance
(MDR) (155). Generally, drug efflux pumps in bacteria are classified into
four superfamilies based on energy source, amino acid sequence homology,
and substrate specificity: the ABC superfamily (ATP-binding cassette), the
MFS (major facilitator) superfamily, the RND superfamily (resistance
nodulation division), and the SMR superfamily (small multidrug resistance)
(192,251). MDR systems are ubiquitous, being present in all kinds of
organisms and typically confer resistance against several structurally
unrelated toxic compounds (193). Although these transporters have mainly
been implicated in antibiotic resistance, their universal prevalence suggests
that this is not their primary role. Several of these systems are critical in the
14
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process of host invasion (193) and/or play a crucial role in conferring
resistance to bile (98). Bile has been shown to upregulate the expression of
the MDR transporter CmeABC in Campylobacter jejuni (153) and inhibition
of this system reduces the ability of the cells to colonize the intestine (154).
Bile acids also induce the expression of acrAB and other MDR transporter
genes in Vibrio cholerae (44). Similarly, the expression of different MDR
pumps of the intestinal bacterium Bacteroides fragilis is increased by bile
(198).
Several MDR systems have been identified in Gram-positive bacteria
(75,176), but their role in the resistance to bile salts, and the effect of bile on
gene expression has only marginally been studied. L. lactis has been used for
long as a model system for transporter-based MDR in bacteria. Its genome
contains 40 putative drug transporter genes, only a few of which have been
characterized functionally (161). Studies on acquired resistance by L. lactis
revealed efflux-based mechanisms of resistance against a variety of toxic
compounds. Selection of L. lactis mutants that grow in the presence of toxic
compounds, such as ethidium, rhodamine, and daunomycin, resulted in strains
which were not only resistant to the selection drug but also cross-resistant to
structurally unrelated drugs (24).

Fig 2. Schematic representation of the known MDR transporters in L. lactis. Shown are
LmrP, a secondary transporter of the MFS family, LmrA, a homodimeric member of the
ABC family, and LmrCD, a heterodimeric member of the ABC family. (Adapted from
Ref. (162) with permission).
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This resistance was shown to be due, at least in part, to the active efflux of the
drugs. Moreover, bioenergetic studies demonstrated that the efflux activity
was either ATP or proton motive force (PMF) dependent (24). Among the
systems identified are the first ABC-type MDR transporter in prokaryotes,
LmrA (249); a member of the MFS, LmrP (25); and the heterodimeric ABCtype MDR transporter, LmrCD (163) (Fig. 2).
LmrA of L. lactis is a so-called half-transporter and homologous to the
mammalian MDR1 protein. Although the heterologous production of LmrA
in E. coli confers resistance to cationic dyes, daunomycin, and
triphenylphosphonium, the inactivation of the lmrA gene in L. lactis has no
effect on the overall drug resistance (182). LmrP is a member of the MFS and
uses the PMF as the energy source for drug efflux. LmrP of L. lactis has been
shown to extrude cationic dyes, daunomycin, tetracyclines, and macrolides
(175). Bile acid extrusion activity has been suggested for L. lactis (265,267)
and Lactobacillus johnsonii (66). In Bifidobacterium this activity has been
related to specific proteins such as BetA (99). LmrA and LmrP of L. lactis
are, however, not involved in bile acid resistance, nor is their expression
affected by exogenous bile acids (unpublished results). In contrast, the genes
encoding the ABC-type MDR transporter LmrCD are upregulated when cells
are exposed to cholate, an unconjugated primary bile acid (267). Moreover,
LmrCD extrudes cholate from the cells, and the inactivation of the lmrCD
genes renders cells sensitive to cholate and other bile acids (267). LmrC and
LmrD are two ABC half-transporters whose genes are organized in a small
operon (163). These proteins are homologous to other members of the ABCtype MDR family, such as LmrA, human P-glycoprotein, and BmrA from B.
subtilis. LmrC and LmrD are each composed of a transmembrane domain
(TMD) containing six putative membrane-spanning segments and a
nucleotide binding domain (NBD) located at the C-terminus. LmrC and
LmrD interact to form a dimer, which is thought to be the functional unit.
Substrates of LmrCD identified thus far are drugs that are typically used in
transport assays, such as the fluorescent dyes acetoxymethyl ester 2,7-bis-(2carboxyethyl)-5(and 6) -carboxyfluorescein (BCECF-AM), daunomycin,
ethidium, and Hoechst 33342 (163) and bile salts such as cholate (267).
16
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Transport of these drugs is independent of the PMF and requires the ATPase
activity of LmrCD. ATP hydrolysis by ABC transporters is typically
stimulated by substrate binding to the transmembrane domains (202).
Recently it has been shown that bile acids, in particular cholate
(unconjugated), not only strongly stimulate the ATPase activity of the
mammalian ABC-type sterol transporter ABCG5/G8 but also stimulate
transport of cholesterol and lipids (121). It could well be that in bacteria, bile
acids are extruded as micelles with phospholipids, a phenomenon that has not
yet been investigated. L. lactis shows a pronounced susceptibility to the more
lipophilic unconjugated bile acids but is tolerant of the conjugated forms even
when provided well above their CMCs.
While di- and trihydroxy bile acids readily form micelles, the triketo
derivative of cholic acid, dehydrocholic acid does not form micelles, even at
very high concentrations (187). LmrCD is involved in the export of cholate
as well as dehydrocholate and glycodeoxycholate (unpublished data) as
planktonic cells of ∆lmrCD strain of L. lactis subsp. cremoris is susceptible
to these compounds (267). Moreover, L. lactis cells lacking the lmrCD genes
are sensitive to a range of toxic compounds, which include ethidium,
daunomycin, Hoechst 33342 and rhodamine 6G. Analysis of the L. lactis
strains ∆lmrCD, ∆lmrA, ∆lmrP and ∆lmrA∆lmrCD has demonstrated that
only LmrCD is involved in the intrinsic drug resistance of L. lactis
(25,161,241). Evidence that LmrCD also plays an important role in acquired
drug resistance comes from studies with L. lactis MG1363 cells that were
selected for growth in the presence of high concentrations of the drugs
ethidium bromide, daunomycin, rhodamine 6G or cholate.
The drug-adapted strains all showed an MDR phenotype and DNA
microarray analysis revealed that in all cases the expression of lmrCD was
greatly increased (161,162). Even in the absence of LmrCD, L. lactis can
readily adapt to bile acids and cationic dyes such as rhodamine 6G. However,
in the case of bile acids the major resistance response is transporterindependent (267). On the other hand, strains adapted to resist high
concentrations of rhodamine 6G seem to dependent on an as of yet
uncharacterized efflux activity (unpublished data).
17
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Adherence and attachment

When planktonic bacteria are exposed to bile acids, often their cellular
morphology changes. Most notably the membrane characteristics are altered,
which results in a change in the physicochemical nature of the cell envelope.
This global change may lead to a change in the ability of the cells to attach to
surfaces (255) Planktonic cells of Lysteria monocytogenes cells tend to coaggregate when exposed to bile, which in turn leads to a higher incidence of
initial colonization of a surface and eventually an enhanced biofilm
formation. Bile has been shown to influence the formation of biofilms of
pathogenic bacteria like Salmonella enterica var. typhimurium and Vibrio
cholerae (115,197) and indigenous commensal bacteria such as Bacteroides
fragilis and Lactobacillus rhamnosus (143,198). The formation and
development of the biofilm follows distinct steps that may vary depending on
the biological characteristics of the bacteria involved. Four common steps are
usually recognized (9) (Fig. 3).

Fig 3. Biofilm development. Stage I attachment (lag [not inert, but metabolically
reduced]), stage II growth (log [exponential growth]), Stage III maturity (stationary) and
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stage IV dispersal (death). Taken from Ref. (237) (Copyright © 2006 American Dental
Association. All rights reserved. Adapted 2010 with permission of the American Dental
Association).

First, a bacterium is brought into contact with the surface, which may occur
through gravitational forces, Brownian motion or hydrodynamic forces. The
second step of biofilm formation consists of adhesion of the bacteria to the
surface, which in itself is a complex process and the most critical step in
biofilm formation (223). A 2-step model is generally proposed to explain the
attachment of bacterial cells to a surface (94). At the initial stage the
attachment of cells to the surface is reversible, but this is soon followed by a
phase of irreversible attachment.
Bacterial attachment has been conventionally described in terms of physicochemical behaviours of colloidal particles. The adherence of colloidal
particles with surfaces are explained in terms of the surface energies of the
interacting surfaces, also known as surface tensions. The surface tensions are
regarded as the total sum of the apolar Lifshitz-van der Waals force (γLW)
forces and the polar acid base forces (γAB), the latter usually split into an
electron-donating (γ-) and an electron accepting component (γ+) (53,248).
The Derjaguin-Landau-Verwey-Overbeek (DLVO) theory (243,245)
proposes a way of quantifying such forces. The DLVO theory defines the
total surface energy (Gibbs free energy, ∆G) as a balance of Lifshitz-van der
Waals force (γLW) and the electrostatic forces (30) as measured by the contact
angles (θ) and the zeta potential (ζ), respectively. This theory was, however,
inadequate when it came to describing bacterial adhesion to solid surfaces
and therefore it was later modified to incorporate the acid base polar forces
(γAB) as well. This extended DLVO (XDLVO) theory (248) adequately
describes the forces involved in attachment. The initial reversible attachment
is governed by non-specific weak forces such as electrostatic interactions and
long-ranged apolar van der Waals forces (distances > 150nm), plus the short
ranged, polar Lewis acid-base forces (distances < 3nm). These non-specific
forces account for effects such as hydrophobic attraction, hydrophilic
repulsion and the steric interactions that develop between the bacterial cell
and the surface (242,248). At a later stage of the attachment process, bacteria
attach to already surface bound bacteria (239). When evaluating surface
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hydrophilicity (or hydrophobicity) in the attachment process, the various
types of interactions are examined at the equilibrium distance (231). The
electrostatic interactions are usually minimal under those circumstances
unlike the Lifshitz-van der Waals and Lewis acid/base interactions (244).
While bacterial cells are reversibly attached to a surface they can easily be
removed by shear forces such as rinsing or the turbulent flow of fluid
(16,170). In some cases, the electrostatic repulsion can be greater than the
aforementioned weak attractive forces, for instance when both the bacterial
cell and the surface are negatively charged. In these cases, cellular surface
structures, such as flagella and fimbriae, and exopolysaccharides, can
override the mutual electrostatic repulsion to allow adherence to a surface,
resulting in a nearly irreversible attachment (105,123).
The second phase implies a firmer adhesion and is characterized by
molecular interactions between bacterial surface structures and substratum
surface. Stronger forces such as covalent and hydrogen bonds, as well as
hydrophobic interactions, are also involved in this irreversible attachment
(246). After irreversible attachment occurs, much stronger forces are required
to remove the bacterial cells. The third step of biofilm formation consists of
the proliferation of the adherent bacteria and, in most cases, synthesis of the
biofilm matrix (32) leading to the development of the mature biofilm
associated with a specific bacterial metabolism and physiology (220). The
final step is characterized by breakdown of the biofilm and release of the
cells into the planktonic phase (dispersal).
Whatever the type of macroscopic interaction, the exact molecular origin at
the level of the bacterial cell wall is still not clear (201). Based on the known
composition of the cell wall of L. lactis (57) (Fig. 4) A strong correlation
between the cell wall polysaccharide content and hydrophilicity has been
suggested (27). Acidic or neutral polysaccharides are the most dominant
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Fig 4. Structural model of the cell wall of lactic acid bacteria. (A) lipid bilayer; (B) inner
protein-rich layer of the cell wall; (C) outer layer of the cell wall, rich in polysaccharides
and lipoteichoic acids; (D) surface proteins (S-layer); (E) cross-linked polymer layer
external to the S-layer of proteins. Modified from Ref. (268) with permission.

constituents of the outer surface of the cell wall of LAB (205). The surface
physicochemical properties are also influenced by environmental conditions
including the growth conditions and the nature of the growth medium (231).
The apolar Lifshitz-van der Waals forces at bacterial cell wall surface does
not vary in response to fluctuations in environmental conditions, and is
typically around 40 mJ/m2 (231). In contast, polar acid-base interactions, and
in particular the γ-component are the main physicochemical forces at the cell
surface in aqueous media, and they are much more sensitive to environmental
perturbations (96,247). Both the Lifshitz-van der Waals and Lewis acid-base
interactions are regarded as water mediated interactions. The former is
determined by the dipole moment induced between two surfaces and regarded
as attractive at the bacteria-medium interface (46). However, the polar
interactions arising as a result of differences in water density between the
hydration layers of two surfaces immersed in water, are usually more
variable, e.g., for particles having both γ− and γ+ values greater or smaller
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than those of water, the density of water molecules in the hydration layers
would be less than in the surrounding bulk. Consequently, the surfaces would
be pushed toward each other. The intermolecular Lewis acid/base interactions
are then regarded as attractive and their surfaces are then regarded as more
“hydrophobic”. Otherwise, the intermolecular Lewis acid/base interactions
are repulsive and their surfaces are “hydrophilic” dispersing the bacteria in
the medium (46). An investigation of the physicochemical changes
accompanying the adaptation of L. lactis planktonic cells to bile acids showed
that the surface hydrophilicity of cholate adapted cells is enhanced as
compared to wild-type cells (unpublished data). Possibly, this increased
hydrophilicity serves to provide a repulsing surface to interfere with bile acid
penetration (unpublished data).
All polar and biological surfaces studied so far have shown that the
magnitude of Lewis base component of AB interactions, γ- determines the
strength of surface hydrophobicity. Studies have implicated biological
macromolecules present on the cell surface with more hydrogen accepting
functional groups such as RCOH and RCOO- favoring γ-, whereas functional
groups like –CH=CH- or >C=CH2 lower the magnitude of γ- component
(45,231). A shift towards hydrophobicity has been observed in some bacteria
when the cells transit from log phase to stationary phase (96). In cholateadapted cells of L. lactis, there is a distinct lowering of the γ-component
following exposure to cholate (unpublished results). The surface
hydrophobicity or hydrophilicity when expressed as the free energy of
interaction (∆Giwi) between two surfaces immersed in water (246) shows that
the overall hydrophilicity of the cholate-adapted cells decreases substantially
upon re-exposure to sub-lethal levels of cholate. This increases the
probability of adhesion of stationary phase cells to a hydrophobic surface
such as polystryene and results in a transition from the free to attached state.
The molecular basis of this phenomenon is unknown but may relate to an
altered exposure or composition of cell wall constituents. In another study,
the increase in cell surface hydrophobicity has been attributed to extracellular
structures (96). Indeed, scanning electron microscopic (SEM) observations of
the cholate adapted cells following growth in cholate shows a profusion of
unidentified extracellular fibril like structures coating the surfaces (Fig. 5).
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Fig 5. Low voltage SEM of stationary phase L. lactis cells grown in liquid GM17
medium with or without 1.5mM cholate exposure. The cells were fixed and visualized as
described elsewhere (67). Greater number of short finger like projections extend
outward from the ∆lmrCDr glycocalyx upon exposure to cholate while the parental and
wildtype glycocalyx have only sparse fibrils.

Extracellular structures also alter the physicochemical nature of the cell
surface. Fimbriae and pili enhance the hydrophobic character of the cell, and
for some bacterial strains the presence of pili appears to be required for
adhesion (96). Cell wall anchored proteins (CWAP) are among the known
bacterial cell surface components with adhesive properties (181). This group
includes adhesins or surface proteins influencing co-aggregation, e.g.,
fibronectin and collagen binding proteins or glucan binding proteins (78,188)
(181). In L. lactis, three well-known surface proteins are CWAP, (i) the
chromosomally-encoded sex factor CluA (90), (ii) the plasmid-encoded
proteinase NisP (252) and (iii) the plasmid-encoded cell serine proteinase
23

Chapter one
PrtP (also called lactocepin) (204), the latter two being absent in the plasmidcured L. lactis strain MG1363. CluA is a 136-kDa surface-bound protein
encoded by the chromosomally located sex factor of L. lactis MG1363 (90)
that plays a major role in determining the cell hydrophobic properties (84).
CluA is involved in cell aggregation (clumping phenotype) and biofilm
development (164).The conformational properties of CluA and its spatial
distribution on the cell wall is a major factor in defining the global cell
surface properties (268). Indeed CluA is overexpressed in L. lactis cells that
are adapted to high concentrations of bile acids and these cells exhibit a
flocculant phenotype (267), despite an increased hydrophilic nature of the
cell surface. However, this flocculation per se does not result in an improved
adherence or biofilm formation (unpublished findings), which seems
contradictory with previous observations (164). Rather biofilm formation by
these cells is vastly stimulated by cholate exposure. The process of initial
surface attachment is mainly stochastic. Only a few bacteria remain attached
to the surface for extended periods of time and may undergo the transition
from transient to permanent attachment. It has been suggested that permanent
attachment is influenced by environmental signals, but to date, no such
signals have been identified (125). A recent report suggests, however, that
changes in the transmembrane electrical potential (∆ψ) promotes permanent
attachment (240).

The bacterial biofilm
Bacterial adhesion to a surface typically leads to the formation of highly
structured cell clusters (or microcolonies), which further develop wherein
they are stabilized by a complex extracellular matrix (32,258). Thus the
classical definition of a biofilm is a ‘surface-associated community of
bacteria embedded in an organized, self-produced extracellular polymeric
matrix’ (51,120). However, due to progressive insights, this definition has
been extended to provide a more accurate description of biofilms. A biofilm
is defined by ‘a microbially derived sessile community characterized by cells
that are irreversibly attached to a substratum or interface or to each other and
are embedded in a matrix of extracellular polymeric substances that they have
24

Chapter one
produced, and exhibit an altered phenotype with respect to growth rate and
gene transcription’ (64).
Biofilms are pervasive and form on almost any abiotic or biological surface.
It is estimated that 65% of all human bacterial infections involve biofilms
(63,85). Once formed, some bacteria are released from the biofilm into the
surrounding medium, enabling the biofilm to spread over a particular surface
(104). The architecture of a mature biofilm can be monolayer-like in which
all bacteria are attached to the surface, or, be multilayered in which some
bacteria are attached to the surface forming an attachment site for further
bacteria that populate the biofilm. These multilayered biofilms have been
shown to include an extracellular matrix with exopolysaccharides, proteins,
and DNA (125) (Fig. 6). In contrast to the more widely studied multilayerbiofilms, it is the monolayer-biofilms, which are believed to predominate in
natural environments and in the interaction of pathogenic bacteria with their
host (125).
Fig 6. The Extracellular polymeric substances in
the biofilm matrix. (A) Model of a bacterial
biofilm attached to a solid surface. (B) The major
matrix components, i.e. polysaccharides, proteins
and DNA are distributed between the cells in a
non-homogenous pattern, setting up differences
between regions within the biofilm . Taken from
Ref. (74) (Reprinted by permission from
Macmillan Publishers Ltd: [Nature ReviewsMicrobiology], copyright (2010).

L. lactis is known to adhere to certain
surfaces and to form biofilms (144).
However, under static conditions L. lactis
MG1363 is known as a weak biofilm
former with a low exopolysaccharide (EPS)
content. In contrast, under turbulent flowing
conditions the cells form a thick, flat, and
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structurally homogenous biofilm (100,102). Such a biofilm appears to be
horizontally stratified. Metabolically active cells are present in the upper
layers and in direct contact with the growth medium, whereas, the cells in the
deeper layers are less exposed to nutrients and are consequently metabolically
less active, a status believed to be similar to stationary-phase planktonic cells
(229). Extracellular DNA rather than EPS (206) appears one of the principal
components of the L. lactis biofilm matrix (102). The extracellular DNA is
believed to arise from cell lysis in the deeper layers of the biofilm and may
therefore also contain cytoplasmic or cell wall components of the dead cells
(199,263). Decreased cell lysis in L. lactis has been linked to poor biofilm
formation (178), which correlates with other findings indicating that death
and lysis of a subpopulation of cells is essential for intercellular cohesion and
biofilm strength (15).
The biofilm extracellular matrix is very heterogeneous in nature as it is
composed of polysaccharides, proteins, lipids, nucleic acids, and other
polymers (Fig. 6) (261). In fact, large tangible biomaterials such as outer
membrane vesicles, flagella, phages, pili, and debris from lysed cells are also
considered part of it (116). Commonly, exopolysaccharides are major
components of most biofilm matrices and contribute to cellular cohesion
within the biofilm. In the absence of exopolysaccharide synthesis and export,
bacteria can adhere to surfaces but are unable to form a complex multilayered
biofilm (125). With cellular chain forming bacteria, their entanglement may
lead to the development of a thinner but cohesive biofilm without extensive
matrix formation (208).
Exopolymers not only contribute to the bulk, physical integrity and stability
of the biofilm matrix, but they also regulate the initial formation, the pattern
of assembly, and the structural organization of microcolonies (262). The
attachment of bacterial cells to animate and inanimate surfaces and the
eventual development of microcolonies has been linked to the ability of
micro-organisms to survive and persist within biofilms (microbial fitness)
(122,141). Biofilm architecture can also be strongly influenced by the
interaction of anionic EPS (containing carboxylic groups) with multivalent
cations. For example, Ca2+ can form a bridge between polyanionic alginate
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molecules, stimulating the development of thick and compact biofilms with
increased mechanical stability (137). Bile acids are one of the few naturally
occurring biomolecules that promote the development of a mature biofilm by
accelerating the synthesis of matrix exopolysaccharides (115). Unlike
antibiotics such as tobramycin which can stimulate the biofilm volume by
increasing the cell number rather than by stimulating the synthesis of EPS
(110), the effect of bile acids has been found to stimulate EPS production
only. For L. lactis, however, this phenomenon appears to be strain specific
(158).
Polysaccharides (PS) are components of the cell surface of Gram-positive
bacteria and are conventionally categorized as (i) capsular polysaccharides
(CPS), usually covalently bound to peptidoglycan (PG), (ii) wall
polysaccharides (WPS), which may be attached to the cell wall covalently or
not, and (iii) extracellular polysaccharides (EPS), which are released into the
environment and thus not attached to the cell surface (43). L. lactis lacks
CPS, while some strains lack the EPS operon (52). A total of 28 putative
glycosyltransferases are present in the MG1363 genome and are proposed to
be involved in the decoration of the lactococcal cell wall with WPS (52). Any
change in their expression may affect the nature of the glycosylation, which
in turn influences the surface attachment properties of the molecules (59).
Biofilm formation by L. lactis is dramatically influenced by the type of bile
acid to which the cells are exposed. The more hydrophilic taurocholate elicits
a much stronger EPS production as compared to the unconjugated cholate.
The taurocholate exposed biofilm also is of a much thicker volume with an
extensive EPS-like matrix with voids and channels typical for a highly
organized biofilm (unpublished data). Any change in biofilm thickness and
volume will affect heat exchange, diffusion rates of antimicrobials and
nutrients (228) and the mechanical properties of a biofilm (138). Therefore, it
is of interest to study the molecular principles that govern this strong biofilmforming effect of taurocholate.
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Mechanisms of biofilm resistance
Cells growing in a biofilm show some remarkable differences in their
metabolism and physiology when compared to planktonic cells. They are
generally more resistant to antimicrobial agents than their planktonic
counterparts (113). This process is only poorly understood (166). The biofilm
matrix provides bacteria with a physical barrier against antibiotics and other
toxic compounds (86). It also provides protection against various
environmental stresses including UV radiation, pH changes, host immune
defenses, and desiccation (74). The EPS produced by L. lactis ssp. cremoris
NZ4010 which is negatively charged at pH 2 protects against cationic
antimicrobial agents such as nisin likely by binding and sequestering these
positively charged molecules (158).
Compared to wild-type biofilms, lactococcal biofilms of cholate-adapted cells
are more sensitive to the cationic glycopeptide bacitracin (unpublished
results). Bacitracins are potent antimicrobials which interfere with the
biosynthesis of bacterial cell walls by inhibiting the dephosphorylation of
C55-isoprenyl pyrophosphate (IPP) to C55-isoprenyl phosphate (IP), thus
reducing the availability of IP, which interferes with the synthesis of the
repeat subunits of peptidoglycan (238). One known mechanism of resistance
to bacitracin is the increased de novo synthesis of IP by elevating intracellular
levels of the lipid kinase responsible for IP phosphorylation (40). The lack of
synthesis of certain membrane-derived oligosaccharides (72), or more
generally the synthesis of exopolysaccharides (195), but also the presence of
an ABC-type efflux system has been reported to contribute to bacitracin
resistance (194). Our findings with L. lactis show that adaptation to cholate
resulted in the elevation of the expression of the mvk gene in planktonic cells
(267). The mvk gene encodes mevalonate kinase, one of the key enzymes of
the mevalonate pathway. Eukaryotes, archaea, and a small number of bacteria
convert mevalonate to isopentenyl diphosphate, the building block of
isoprenoids, via the mevalonate pathway (7). The isoprenoids are involved in
peptidoglycan synthesis as the carrier lipid undecaprenyl pyrophosphate (12).
This points at a change in the peptidoglycan layer or the rate by which it can
be synthesized.
28

Chapter one
It has been suggested that the exopolysaccharide matrix that surrounds the
cells in the biofilm prevents diffusion of the antimicrobial agents through the
biofilm, via drug adsorption or neutralization thus preventing direct contact
with the cells. While this may be the case for some antimicrobial agents, for
others it has been shown that they can penetrate the matrix but still cannot kill
the cells in the biofilm (6,256). For instance, EPS production by planktonic L.
lactis NZ4010 did not protect this organism against penicillin G and
vancomycin but conferred protection against lysozyme and nisin (158). Most
known EPS molecules in bacteria are neutral or polyanionic (233). However,
cationic EPS formation (deacetylated PIA) has been reported for some Grampositive bacteria, with a proposed role of the ica gene locus. The cationic
EPS not only confer resistance against cationic antimicrobials but also play a
crucial role in biofilm development (254). Studies show that the same
microorganism in sessile mode can produce different kinds of matrix
polysaccharide polymers depending on factors such as growth phase (118).
Matrix polysaccharides polymers which are qualitatively different can also
interact with each other in the biofilm thereby imparting a significant increase
in matrix viscosity. Such phenomenon is often seen with biofilms containing
a mixture of different bacterial species (5). Overall, little is known about the
mechanisms involved in the biosynthesis and modification of biofilm
exopolymers, especially, how these modifications translate into changes in
biofilm development (254).
Macrolide (azithromycin or erythromycin) exposure has been shown to
increase the expression of ica genes in Stapylococcus epidermidis. The ica
operon is known to be involved in production of polysaccharide intercellular
adhesion (PIA) factor that mediates the intercellular adherence of bacteria and
the formation of multilayered biofilms (92,184). Exposure to macrolides such
as erythromycin results in an increase in matrix polysaccharides production
leading to thicker biofilms without affecting the initial adhesion to the
surfaces (257). The overall increase in biofilm dimension in terms of volume
and thickness does not result in improved resistance to cholate or drugs
(unpublished findings). Indeed, water channels or voids found in many such
extensive biofilms are known to facilitiate drug penetration and access to the
cells (4). The thickness of the biofilm itself besides being implicated in aiding
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bacterial adhesion (32) and facilitating micro-environmental homeostasis
(232) has also been linked to infection and colonization of surfaces. With an
increase in thickness, there is a progressive dispersal of single cells and/or
bacterial clusters of different sizes, which is considered as one of the main
promoters of the infectious process (62).
Cells within the biofilm usually grow slowly and it has been proposed that
this lower growth rate can explain to some degree the level of biofilmspecific resistance, whereas the full extent of resistance cannot be accounted
for by this mechanism only (38,68,256). On the other hand, enhanced gene
expression, generally a sign of strong metabolic activity has been
demonstrated in biofilm cells of B. subtilis and E. coli, when compared to
their planktonic counterparts. (217,226). Possibly, certain biofilm cells can
achieve a faster growth rate than anticipated due to an increased metabolism
of nutrients obtained from the surrounding matrix or through catabolism of
components from dead cells (142). Metabolic stratification of biofilms
characterized by a high level of activity at the surface (facing the surrounding
medium) and slow or no growth in the centre and lower layers (facing the
substratum), also contributes to the increased resistance of biofilms to
antibiotics (117). Moreover, it has been suggested that high cell density
signaling or quorum sensing plays a role in resistance to antimicrobial agents,
but the molecular mechanisms involved are not clear (37).
The contribution of various efflux pumps to drug resistance in planktonic
bacteria is well established (196), but their role in biofilms was initially
unclear as most of the studies focused on the mature biofilms (10). More
recent investigations involving younger biofilms of Pseudomonas aeruginosa
have shown that the RND type MexAB-OprM efflux system that is
constitutively expressed in planktonic cells, is also in the biofilm responsible
for the efflux of substrates, including many antibiotics (172). However, also
the MexCD-OprJ contributes to the resistance but this appears to be biofilmspecific (88). In P. aeruginosa biofilms, an increase in the efflux activity
provides the major resistance mechanism against aminoglycoside antibiotics
and fluoroquinolones (119). Other examples of biofilm-specific MDR
transporters are YhcQ in Escherichia coli (165) and an ABC-type efflux
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transporter in P. aeruginosa (269). Thus, MDR-like transporters appear
important in developing drug resistant biofilms (89) and thus their expression
will impact colonization of inanimate or animate surfaces. This view is
further substantiated by studies wherein the impact of exogenous compounds,
such as antibiotics, on the formation of bacterial biofilms has been
investigated (79,87). Sub-inhibitory concentrations of antibiotics promote
biofilm maturation (174), while the inactivation of efflux pumps by inhibitors
reduces biofilm formation (139). In L. lactis, the MDR transporter LmrCD
fulfils an important role in both biofilm establishment and resistance to drugs
and detergents (unpublished findings). Overall, the exact role of efflux pumps
in biofilm formation and their importance in biofilm-mediated antibiotic
resistance remains a topic of investigation in microbiology (174).
Cells within a biofilm are physiologically heterogeneous because a variety of
micro niches occurs within the biofilm structure. Cells on the surface of the
structure may have ready access to nutrients and thus actively metabolize and
divide, whereas more internally located cells may be largely dormant. The
idea of sessile cells displaying varying physiology has important
consequences because in contrast to planktonic cultures which are
characterized by more or less uniform cell physiologies, the physiological
heterogeneity of biofilms cells implies differences in drug susceptibilities
(19). It is therefore attractive to relate the extensive resistance phenotype of
biofilms to the presence of persister cells (151). It is believed that the
presence of persisters is a strategy evolved in bacteria to produce phenotypic
variants that may provide a selective advantage when exposed to
environmental stress (60).
SCOPE OF THE THESIS
The aim of the work described in this thesis is to elucidate the mechanisms of
toxic compound resistance employed by L. lactis and to examine the
physiological responses when one of the key mechanisms, transporter-based
efflux, is genetically inactivated. Chapter 1 provides an introduction to
transporter and non-transporter based resistance mechanisms in Grampositive bacteria with special reference to lactic acid bacteria. In addition, the
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mechanism of surface adherence and biofilm development is discussed.
Chapter 2 describes how L. lactis cells devoid of the main MDR and cholate
transporter LmrCD can regain resistance when exposed to increasing levels
of cholate. The resultant cholate-adapted strain (∆lmrCDr) showed a number
of alterations when compared to its parental strain, the drug-sensitive L. lactis
NZ9000 ∆lmrCD. The ∆lmrCDr cells exhibit (i) improved resistance toward
several bile acids but not to drugs, (ii) an altered susceptibility to
antimicrobial peptides, and (iii) morphological changes including a tendency
to autoaggregate and flocculate in liquid media. Transcriptome and transport
analyses suggest that the acquired resistance is transport unrelated but instead
arises from various stress responses, changes to the cell envelope and
alterations in metabolism. In contrast, wild-type cells induce the expression
of lmrCD upon exposure to cholate, whereupon the cholate is actively
extruded from the cells. Together, these data suggest a central role for an
efflux-based mechanism in bile acid resistance and implicate LmrCD as the
main system responsible in planktonic L. lactis.
Chapter 3 examines how bile acids influence surface adhesion and biofilm
development by the cholate resistant ∆lmrCDr strain. Importantly, the results
show that bile acids stimulate biofilm formation and render these structures
highly resistant to such compounds. This increased biofilm formation appears
to be related to the production of extracellular polysaccharides. In addition,
the physicochemical aspects of the altered cell surface were studied.
Chapter 4 examines the ability of L. lactis cells lacking the LmrCD
transporter to regain resistance to the cationic dye rhodamine 6G and to
develop multidrug resistance. Obtained resistant strains show a multidrug
resistance phenotype, and express several uncharacterized efflux transporters.
However, the resistance phenotype is likely broader than transporter-based
alone, as also metabolic and physiological changes are observed. The data
indicate that L. lactis is equipped with cryptic resistance mechanisms that can
be activated upon long-term exposure to toxic compounds and provide
multiple lines of defense. Finally, Chapter 5 summarizes the results presented
in the thesis and discusses the broader implications of the work.
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